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Kinesin and Dynein Move a
Peroxisome in Vivo: A Tug-of-War
or Coordinated Movement?
Comert Kural,1 Hwajin Kim,3 Sheyum Syed,2 Gohta Goshima,4
Vladimir I. Gelfand,3*. Paul R. Selvin1,2We used fluorescence imaging with one nanometer accuracy (FIONA) to analyze organelle movement by conventional kinesin and cytoplasmic dynein in a
cell. We located a green fluorescence protein (GFP)–tagged peroxisome in
cultured Drosophila S2 cells to within 1.5 nanometers in 1.1 milliseconds, a
400-fold improvement in temporal resolution, sufficient to determine the average step size to be È8 nanometers for both dynein and kinesin. Furthermore, we found that dynein and kinesin do not work against each other in vivo
during peroxisome transport. Rather, multiple kinesins or multiple dyneins work
together, producing up to 10 times the in vitro speed.
Conventional kinesin (kinesin-1) and cytoplasmic
dynein are microtubule-dependent molecular
motors responsible for organelle trafficking
and cell division. The long-distance organelle
transport within a cell occurs bidirectionally
along the microtubule tracks. Plus (þ) end
directed kinesins carry the cargo to the cell
periphery whereas minus (j) end directed
dyneins bring the cargo back.
In vitro studies using optical traps (1) and
single-molecule fluorescence imaging (2) have
provided insight into how the microtubule
motors work. Kinesin is a highly processive
motor that can take hundreds of 8-nm steps,
1
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with a load of up to 6 pN, before detaching
from the microtubule (3). Optical trap and
in vitro motility studies have shown that a
dynein-dynactin complex is also processive
(4) and that dynein has an 8-nm step size
under a load of up to 1.1 pN (5).
These studies, however, do not address
how kinesin and dynein cooperate to achieve
intracellular bidirectional transport. Do they
move a cargo by engaging in a Btug-of-war,[
or is there a switch that turns off one or both
of the motors? Do multiple motors of the
same polarity act together or cooperatively
(6–8)? Answering these questions requires
observing the cargo molecules in vivo with
high temporal and spatial resolution. In particular, the spatiotemporal resolution must be
faster than the typical rate of moving at the
physiological adenosine 5¶-triphosphate (ATP)
concentration.
We used fluorescence imaging with one
nanometer accuracy (FIONA) (2, 9) inside a
live cell to track GFP-labeled peroxisomes
being carried by microtubule motors with 1.5nm accuracy and 1-ms time resolution, thereby allowing in vivo ATP concentrations. We
used cultured Drosophila S2 cells that constitutively express enhanced green fluorescence
protein (EGFP) with a peroxisome-targeting
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signal (10). Fluorescence images of peroxisomes, excited with total internal epifluorescence microscopy and labeled with numerous
EGFP molecules, can be fit to a Gaussian function and then well-localized (Fig. 1). Figure 1
shows a cell in a bright-field image (treated as
described below), a fluorescence image of the
EGFP-peroxisomes, and a 1-ms point-spreadfunction of one peroxisome, which shows localization to 1.5 nm.
Most organelles use both microtubule motors and myosins for intracellular movement
(11). To analyze the work of microtubule
motors in the absence of myosin effects, we
treated cells with 5 mM cytochalasin D, a
drug that caps barbed ends of actin filaments,
resulting in the disappearance of long filaments and therefore inhibition of actomyosindependent movement. Normal S2 cells plated
on a substrate coated with concanavalin A
have a discoid shape (12). Upon the loss of
the actin filament network, S2 cells grow thin
processes that are filled with microtubules
(Fig. 1), but have no F-actin cables detectable by fluorescent phalloidin staining (13).
We analyzed the polarity of microtubules
in these processes using cells expressing
EGFP-tagged EB1 (12). EB1 is a protein that
specifically binds to (þ) ends of growing microtubules (14). We found that in thin processes (diameter e 1 mm), more than 90% of
microtubules have (þ) ends pointing away
from the cell body (fig. S1). In contrast, in
processes with a diameter 91 mm, only about
60% of microtubules have their (þ) ends
pointing away from the cell body, presumably
due to a buckling of the microtubules inside the
process. Consequently, only those peroxisomes
moving in processes with a diameter G1 mm
were analyzed (fig. S1).
Our measurements were performed at
10-C, and although low temperatures are
known to favor microtubule depolymerization,
immunofluorescent staining with antibody
to tubulin demonstrated that the incubation
at 10-C had no effect on the density or distribution of microtubules (fig. S2). We also
determined the effect of microtubule lattice
movements on peroxisome motion by performing fluorescence recovery after photo-
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that microtubule lattice movements occur
much more slowly than do kinesin- and dyneindriven organelle movements (fig. S4).

bleaching experiments on processes containing
GFP-tubulin–based microtubules. The fluorescence recovery was longer than 1 s, indicating

Fig. 1. (A) Bright-field image of a cytochalasinD–treated S2 cell with a thin process. (B)
Fluorescence image of the GFP-labeled peroxisomes within the process. (C) Fluorescence image of a
peroxisome can be fit to a two-dimensional Gaussian (correlation coefficient r2 0 0.992), enabling
the center to be determined to 1.5 nm within 1.1 ms.
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Fig. 2. Step-by-step movement of peroxisomes
carried by (A) a single kinesin, (B) a single
dynein, and (C) a coordination of kinesin and
dynein. (D) Histograms of the individual steps of
anterograde (kinesin) and retrograde (dynein)
movement. A pairwise displacement of kinesin
and dynein, showing the multiples of 8-nm
displacement, is shown in fig. S6.
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Drosophila S2 cells are highly sensitive to
protein inhibition by RNA interference (RNAi)
(12). We used RNAi to find which motors
move peroxisomes along microtubules. We
tested conventional kinesin (kinesin-1), three
members of kinesin-2 family (Klp68D, Klp64D,
and CG17461), three members of kinesin-3
family (Klp53D, Klp98A, and Klp38B), and ncd
(a member of kinesin-14 or C-terminal kinesin
family), as well as cytoplasmic dynein. We
did not test depolymerizing kinesins, mitotic
kinesins, and kinesins, which are not expressed
above background level in S2 cells, as shown
by microarray analysis (15). RNAi analysis
showed that organelle transport was inhibited
by RNAi only against kinesin-1 and dynein
heavy chain, indicating that only these motors
are responsible for movement (fig. S3).
FIONA localization showed that peroxisomes can move in a step-by-step manner in
both anterograde (kinesin) and retrograde
(dynein) directions (Fig. 2, A to C). With
169 motor steps, the average step size in the
kinesin direction was 8.6 T 2.7 nm (mean T SD)
(Fig. 3A), and the average speed was 1.5 T 0.6
mm/s. In the dynein direction, 188 steps yielded
an average step size of 8.9 T 2.6 nm (Fig. 3B)
and an average speed of 1.7 T 0.9 mm/s. The
step-size results are in agreement with in vitro
kinesin and dynein assays (3, 5), which yielded
about 8 nm/step. The average speed for dynein
(at a saturating ATP concentration) is within a
factor of 2: 1.7 mm/s, as determined here,
versus 0.7 mm/s (4) or 1.2 mm/s (16). It is
within a factor of 2 of the calculated speed at
the maximal rate of in vitro ATP hydrolysis
by dynein E120 sj1 (17)^, assuming one hydrolyzed ATP molecule per 8 nm/step (120
steps/s  8 nm/step 0 0.96 mm/s). Finally, the
in vitro rate for kinesin is 1.0 mm/s (4), compared with 1.5 mm/s determined here.
Previous optical trap experiments on kinesin show that the bead-motor linkage behaves
like an entropic spring (3). Consequently, if
motors of opposite directions were operating
simultaneously, then any compliance in the
motor stalks would cause a degradation of
step sizes, moving in either direction, as one
motor took a step while its competitor was
also bound to a microtubule (fig. S5). We
found step sizes to be constant, implying that
there is no Btug-of-war[ between motors. It
appears that motors are somehow regulated,
being turned on or off in such a way that
they are not simultaneously dragging the peroxisome. A distribution of the displacement
driven by kinesins and dynein, showing 8-nm
steps or multiples thereof, indicates no degenerated steps by opposite motors (fig. S6).
Figure 3, A and B, show a distribution of
speeds for a peroxisome moving in the (þ)
or (j) directions. The graphs are highly
spiked, at intervals corresponding to ,1.2
mm/s, extending to È12 mm/s. This implies that
the spikes correspond to up to 11 kinesins
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to the microtubule. In either case, there must
be a mechanism to allow the peroxisomes to
move by multiple motors much faster than by
independent, uncoupled, kinesins and dyneins.
Our results show that both kinesin and
dynein move with 8-nm steps, transporting

an organelle in vivo. Faster movements occur
with the same step size but with greater rapidity. For the peroxisomes, in vivo, up to 11
kinesins or dyneins apparently can work in
concert, driving the cargo much faster than
seen in vitro.
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moving without appreciable hindrance from
dynein (Fig. 3A), or up to 11 dyneins moving
without much hindrance from kinesin (Fig.
3B). These distinct spikes in speed distribution occur when multiple kinesins and multiple dyneins hydrolyze ATP simultaneously
in a stochastic manner, because reducing the
cytoplasmic ATP concentration by an ATPuncoupler FCCP (p-trifluoromethoxy carbonyl
cyanide phenyl hydrazone) terminates the fast
(95 mm/sec) organelle transport (13).
In vitro kinesin assays do not show such
high velocities; velocities of microtubules
gliding on a kinesin-coated surface are independent of motor densities with 1 to 1000
kinesins/mm2, yielding speeds just above 0.5
mm/s (18). In contrast, gliding assays done in
more viscous media suggest that at higher
loads, the velocity increases at higher motor
densities (19), suggesting that kinesins can
operate together. Other in vivo studies show
similar fast organelle transport. Ashkin et al.
have found that mitochondria carried on microtubules can move as fast as 15 mm/s (20).
Endosomes in cells can be moved by dynein
with speeds as fast as 4 mm/s, faster than the
in vitro dynein speed (21). Maximum vesicle
velocities in neurons are reported to be 3.5 to
5 mm/s, higher than can be achieved by a
single microtubule-dependent motor (22–25).
Figure 4 shows traces of individual peroxisome movement, which demonstrate that
the peroxisomes move at rates greater than
the in vitro single-motor rate. Figure 4A shows
one peroxisome moved by dynein at an average rate of 1.0 mm/s; kinesin then takes over
for two steps, and then dynein takes over
again, moving the peroxisome about two times
as fast as the previous (j) end run (2.2 mm/s),
still in a stepwise manner. Figure 4B shows a
peroxisome moved by multiple (perhaps 11)
kinesins, then by a few dyneins (perhaps two),
then by kinesins (perhaps two), then by multiple dyneins. Figure 4C shows the movement
of peroxisome to the (j) end at various speeds
9150 ms. This clearly shows the ability of a
peroxisome to be moved by several motors—
up to 11 dyneins and 11 kinesins—without
any apparent inhibition by the opposite motility partner.
The nature of the coordination between
kinesin and dynein is unclear. One possibility is that a small molecule alternatively turns
off kinesin and dynein, although it would
have to react very quickly to account for a
transition time of less than a millisecond between motors. Another possibility is that kinesin and dynein pull against one another until
the stronger one Bwins,[ which would cause
the weaker one to uncouple quickly and therefore not creating any load. A third possibility
is that the density and/or flexibility due to the
lipid/membrane linkage of motor proteins on
the peroxisomes are such that two motors of the
opposite polarity cannot simultaneously bind
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Human mesenchymal stem cells (hMSC)
are nonhematopoietic cells that reside within the bone marrow stroma. These cells are
multipotent and serve as precursors for various mesoderm-type cells (4, 5). Thus, hMSC
have great clinical potential in tissue regeneration and engineering protocols (6). In cell
culture, they can give rise to osteoblasts, adipocytes, and chondrocytes through processes
largely controlled by various growth factors
(7, 8).
To study the effects of growth factors on
hMSC, we first tested the effects of EGF, PDGF,
fibroblast growth factor (FGF), and nerve
growth factor (NGF) on cellular responses.
Using immunoprecipitation and Western
blotting with antibodies to phosphotyrosine,
we observed that EGF and PDGF elicited the
strongest responses (9) and that they induced
phosphorylation of common and distinct
subsets of proteins (Fig. 1A). Because one of
the main characteristics of hMSC is their
ability to differentiate to osteoblasts, we explored the possibility that these growth factors
affect osteogenic conversion. The induction of
the osteoblast differentiation pathway is indicated by increased alkaline phosphatase in the
early stages (day 2 to 4), and in vitro mineralization is a marker for mature osteoblasts
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Closely related signals often lead to very different cellular outcomes. We
found that the differentiation of human mesenchymal stem cells into boneforming cells is stimulated by epidermal growth factor (EGF) but not plateletderived growth factor (PDGF). We used mass spectrometry–based proteomics
to comprehensively compare proteins that were tyrosine phosphorylated in
response to EGF and PDGF and their associated partners. More than 90% of
these signaling proteins were used by both ligands, whereas the phosphatidylinositol 3-kinase (PI3K) pathway was exclusively activated by PDGF, implicating it as a possible control point. Indeed, chemical inhibition of PI3K in
PDGF-stimulated cells removed the differential effect of the two growth
factors, bestowing full differentiation effect onto PDGF. Thus, quantitative
proteomics can directly compare entire signaling networks and discover critical differences capable of changing cell fate.
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A

PDGF

Fig. 1. Response of hMSC to EGF
and PDGF stimulation. (A) Antiphosphotyrosine (anti-pTyr)
Western blotting (WB) of nonstimulated (Ctrl.) or EGF- or
PDGF-stimulated hMSC, after
immunoprecipitation (IP) with
anti-pTyr. (B) Effects of EGF and
PDGF on hMSC osteoblast differentiation. (Top) Alkaline phosphatase activity at day 3 of
differentiation, visualized by in
situ staining. (Bottom) Extracellular matrix in vitro mineralization after 9 days; staining with
Alizarin Red S dye.
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entire cell, various RTKs often activate universal signaling pathways. Nevertheless, distinct and even opposing biological effects of
these receptors can arise.
Ctrl.

Receptor tyrosine kinases (RTKs) regulate
cellular processes ranging from cell growth
and proliferation to survival and differentiation. After binding of their cognate ligands,
these receptors undergo autophosphorylation
on multiple tyrosine residues and become a
platform for binding and consequent tyrosine
phosphorylation of various signaling molecules, thus triggering multiple signaling cascades (1–3). To transmit the signal across the
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